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Summary

Biofilms are dynamic players in biogeochemical
cycling in running waters and are subjected to envi-
ronmental stressors like those provoked by climate
change. We investigated whether a 2°C increase in
flowing water would affect prokaryotic community
composition and heterotrophic metabolic activities of
biofilms grown under light or dark conditions. Neither
light nor temperature treatments were relevant for
selecting a specific bacterial community at initial
phases (7-day-old biofilms), but both variables
affected the composition and function of mature
biofilms (28-day-old). In dark-grown biofilms, changes
in the prokaryotic community composition due to
warming were mainly related to rotifer grazing, but
no significant changes were observed in functional
fingerprints. In light-grown biofilms, warming also
affected protozoan densities, but its effect on
prokaryotic density and composition was less evident.
In contrast, heterotrophic metabolic activities in light-
grown biofilms under warming showed a decrease
in the functional diversity towards a specialized use
of several carbohydrates. Results suggest that pro-
karyotes are functionally redundant in dark biofilms
but functionally plastic in light biofilms. The more
complex and self-serving light-grown biofilm deter-
mines a more buffered response to temperature than
dark-grown biofilms. Despite the moderate increase in
temperature of only 2°C, warming conditions drive
significant changes in freshwater biofilms, which

responded by finely tuning a complex network of inter-
actions among microbial populations within the
biofilm matrix.

Introduction

Biofilms mediate a significant proportion of the carbon
turnover and dominate the ecosystem metabolism in
many aquatic systems, being a major component for
the uptake, storage and cycling of available organic
matter (Pusch et al., 1998; Singer et al., 2010). Among
biofilm components, microbial heterotrophs play a key
biogeochemical role in stream ecosystems (Findlay,
2010). It is then relevant to discern whether the predicted
global change scenarios would affect microbial biofilm
structure and function. Specific studies show that
temperature significantly affects biofilm metabolism,
increasing denitrification rates, primary production and
community respiration (Boulêtreau et al., 2012; Perkins
et al., 2012). Temperature can also affect biofilm commu-
nity composition, as has been shown in a field study
where temperature was one of the most relevant environ-
mental parameters related to biofilm community compo-
sition (Lear et al., 2008). In planktonic habitats, the
response of bacteria to warming has been shown to be
taxa-specific (Fuhrman et al., 2006). However, most
studies include a wider range of temperatures than the
2.2–4.3°C predicted increase in mean river water tem-
peratures for climate change scenarios by 2100 (Mohseni
and Stefan, 1999; IPCC, 2007). Ylla and colleagues
(2012) showed that the activity of biofilm extracellular
enzymes was enhanced after a 4°C increase in response
to dissolved organic carbon quality and availability. In turn,
4°C temperature increases may not affect the composi-
tion of bacterial planktonic communities unless nutrient
concentration also increases (Degerman et al., 2013).

The response of the prokaryotic community composi-
tion and functioning to 2–4°C increase might be sensitive
to the interaction with other biofilm components, which
may modify the biofilm microenvironment (i.e. changing
resource availability and grazing). The role of biofilm inter-
actions was shown in a previous study, where although an
increase in 3°C determined a faster accrual of bacteria,
the total bacterial biomass at the mature biofilm remained
fairly constant due to a larger ciliate grazing pressure, and
no significant effect on extracellular enzyme activities was

Received 28 July, 2013; accepted 9 February, 2014. *For correspond-
ence. E-mail anna.romani@udg.cat; Tel. 34 972 418467; Fax
34 972 418150.

bs_bs_banner

Environmental Microbiology (2014) doi:10.1111/1462-2920.12428

© 2014 Society for Applied Microbiology and John Wiley & Sons Ltd

mailto:anna.romani@udg.cat


found (Díaz-Villanueva et al., 2011). Interactions in the
biofilm became very different depending on the existence
– or not – of primary producers. Under illumination con-
ditions, such as those in the upper side of cobbles from
open streams, autotrophic biofilms densely grow, reach-
ing algal abundances of up to 60–90% of total biomass
(Romaní, 2010). The accrual of algal and cyanobacterial
biomass increases the dependency of heterotrophic bac-
teria on organic carbon supplied by primary producers
(Neely and Wetzel, 1995; Ziegler et al., 2009), stimulating
the selection of photoautotrophic-dependent bacteria
(Watanabe et al., 2008). Primary producers not only
provide direct available organic matter sources for
heterotrophs but also produce a priming effect on the
decomposition of other more complex organic substrates
(Guenet et al., 2010). In general, the availability of algal
resources also increases ciliate densities and stimulates
specific ciliate groups that feed upon biofilm surface (Früh
et al., 2011). In contrast, under dark conditions, such as
those present under stream cobbles or within hyporheic
zones or in pipes, biofilms are thinner, contain low bacte-
rial biomass and exhibit a greater dependence on
changes in dissolved organic matter in flowing water
(Romaní et al., 2004). Light and dark conditions also
affect the composition of prokaryotic communities in
biofilms. Dark-grown biofilms had a lower bacterial diver-
sity dominated by Actinobacteria and Betaproteobacteria,
whereas a higher diversity, including Actinobacteria,
Alpha-, Beta- and Gammaproteobacteria, Gemmatimona-
detes, and Cyanobacteria, was found in light-grown
biofilms (Romaní et al., 2004; Ylla et al., 2009). Moreover,
higher abundance of ammonia-oxidizing archaea was
found in the dark side of river cobbles rather than
on illuminated sides, a segregation that agrees with
their photosensitivity (Church et al., 2010; Merbt et al.,
2011).

Heterotrophic functioning and prokaryotic community
composition may not respond equally when changing the
environment (Langenheder et al., 2005), as observed in a
pioneering community developing on streambed biofilms
(Frossard et al., 2012). It has also been shown that func-
tional capabilities are not always necessarily linked to
community composition since they might depend on their
metabolic plasticity (Comte and del Giorgio, 2011),
although the capacity of biofilms to use a wider range of
organic substances might be linked to its community
diversity (Peter et al., 2011).

The aim of this study was to investigate how an
increase of temperature by 2°C would affect the
prokaryotic community composition, abundance and
heterotrophic function in biofilms grown under light and
dark conditions. This minor temperature increase relies in
the lower range of predicted temperature change, and it
will provide a more realistic approach on structural and

functional variations in biofilms subjected to warming. We
specifically addressed whether (i) the prokaryotic commu-
nity composition would change according to heterotrophic
functioning responses, (ii) the prokaryotic responses
would be modulated by the differential development of
other microbial groups in the biofilm (algae, ciliates,
rotifers) and (iii) the response would be different at initial
stages of biofilm formation (young biofilms, 7 days old)
than at final stages (mature biofilms, 28 days old). For this
purpose, biofilm colonization was analysed in laboratory
microcosms submitted to four different treatments: light-
low temperature (L-LT), light-high temperature (L-HT),
dark-low temperature (D-LT) and dark-high temperature
(D-HT). The low temperature corresponded to the mean
ambient stream temperature where the biofilm inoculum
was collected (mean of 14.6°C) and high temperature
corresponded to a 2°C increase from that temperature
(mean of 16.6°C). Light conditions consisted of a natural
day–night cycle (12 h/12 h), and dark conditions con-
sisted of total darkness. Biofilm formation on 1 cm2 sand-
blasted glass tiles was analysed in terms of biomass
accrual (algal, bacterial, ciliate, rotifer), prokaryote func-
tion (extracellular enzyme activities and carbon substrate
utilization profiles) and prokaryote community composi-
tion [denaturing gradient gel electrophoresis (DGGE) and
pyrosequencing].

Results

Light and temperature effects on microbial
biofilm colonization

Chlorophyll-a concentration in the colonizing biofilms was
positively affected by light (Fig. 1A). At the end of biofilm
colonization (days 28 and 34), temperature further
enhanced chlorophyll accrual in light conditions (Fig. 1A,
Table 1).

Ciliate densities along biofilm colonization were posi-
tively affected by light, but this was mainly due to
increased densities under L-LT conditions at the end
of the experiment (Fig. 1B, Table 1). At the end of bio-
film colonization, ciliate density increased under low-
temperature conditions, showing a peak on day 28 (in
D-LT) and on day 34 (in L-LT), while ciliate densities at all
high temperature treatments were maintained at low
values (Fig. 1B, Table 1, day × temperature effects). In
contrast, colonization of biofilms by rotifers was signifi-
cantly enhanced by temperature (Fig. 1C, Table 1).

Prokaryote densities over time were positively affected
by light (Fig. 1D, Table 1, light and day × light effects).
At the end of biofilm colonization (day 28), tempera-
ture exerted a negative effect on prokaryote density
(Fig. 1, Table 1, day × temperature effects). The signi-
ficant interaction of temperature and light indicated
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that the negative effect of warming on prokaryotes
was more pronounced under dark conditions (Fig. 1,
Table 1).

Illumination also had a significant effect on 16S
rRNA gene copy numbers of bacteria and archaea

(Crenarchaeota-Thaumarchaeota), especially in mature
biofilms (Fig. 2, Table 2). Also, the ratio of archaeal to
bacterial 16S rRNA gene copy numbers was significantly
higher in young biofilms (Fig. 2, Table 2). Bacterial and
archaeal 16S rRNA gene copy numbers were also

Fig. 1. Temporal development of chlorophyll-a, prokaryotes, ciliates and rotifers density during biofilm colonization for the different treatments
(L: light; D: dark; LT: low temperature; HT: high temperature). Values are means ± SE (n = 3).

Table 1. Results from the repeated measures analyses of variance showing the effect of dark/light (L) and temperature (T) on biofilm structure and
function parameters analysed throughout the biofilm colonization processes.

Source of variation Chlorophyll-a Prokaryotes Ciliates Rotifers β-glucosidase Phosphatase Peptidase

Day 0.002
(2.1,16.9)

< 0.001
(2.8,22.9)

< 0.001
(2.4,18.9)

< 0.001
(2.4,18.9)

< 0.001
(3.5,28.4)

< 0.001
(1.9,15.5)

< 0.001
(2.5,20.4)

L < 0.001
(1,8)

< 0.001
(1,8)

0.066
(1,8)

0.71
(1,8)

< 0.001
(1,8)

0.020
(1,8)

< 0.001
(1,8)

T 0.071
(1,8)

0.032
(1,8)

0.23
(1,8)

< 0.001
(1,8)

0.28
(1,8)

0.55
(1,8)

0.17
(1,8)

Day × L < 0.001
(2.1,16.9)

0.053
(2.8,22.9)

0.055
(2.4,18.9)

0.099
(2.4,18.9)

< 0.001
(3.5,28.4)

0.075
(1.9,15.5)

< 0.001
(2.5,20.4)

Day × T 0.028
(2.1,16.9)

< 0.001
(2.8,22.9)

0.020
(2.4,18.9)

< 0.001
(2.4,18.9)

0.047
(3.5,28.4)

0.18
(1.9,15.5)

0.15
(2.5,20.4)

L × T 0.025
(1,8)

0.011
(1,8)

0.69
(1,8)

0.084
(1,8)

0.69
(1,8)

0.78
(1,8)

0.010
(1,8)

Day × L × T 0.066
(2.1,16.9)

0.11
(2.8,22.9)

0.19
(2.4,18.9)

0.35
(2.4,18.9)

0.16
(3.5,28.4)

0.74
(1.9,15.5)

0.26
(2.5,20.4)

Probability within groups (day and interactions day × L, day × T, and day × L × T) is corrected for sphericity by the Greenhouse-Geisser correction.
Degrees of freedom for F-ratios are also indicated in italics, and parenthesis. The significant probabilities are shown: < 0.05 in bold, < 0.1 in italics.

Warming and light effects on biofilms 3

© 2014 Society for Applied Microbiology and John Wiley & Sons Ltd, Environmental Microbiology



negatively affected by warming under dark conditions
(Fig. 2, Table 2, light × temperature effects).

Light and temperature effects on prokaryote biofilm
community composition

Samples from each triplicated treatment yielded identical
band patterns that were indicative of the reproducibility of

the experimental design. After 7 days of incubation, fin-
gerprints of bacterial 16S rRNA gene were highly similar
for all treatments but differed from the indigenous com-
munity used as inoculum (Fig. S1). This homogeneous
composition in young biofilms changed after 28 days of
incubation, where clearly different fingerprints were
observed for biofilms grown under light and dark condi-
tions. Effects of warming were in turn hardly visible
from DGGE fingerprints. BLAST search of sequences
recovered from discrete bands showed a dominance of
Alphaproteobacteria in the inoculum sample, Betaproteo-
bacteria in young biofilms, and Cyanobacteria, Actino-
bacteria and Proteobacteria in 28-day-old biofilms
(Table S1). As expected, most sequences obtained from
biofilms incubated under light conditions affiliated within
the Cyanobacteria (Table S1 and Fig. S1).

The low number of bands observed in most fingerprints
suggested bacterial communities characterized by low
richness, although known limitations of the DGGE tech-
nique surely contributed (Muyzer and Smalla, 1998). To
overcome this limitation, DNA samples from mature
biofilms were subjected to massively parallel sequencing
using 454 technology to have a deeper insight of potential
changes induced by light and warming on biofilm bacterial
communities. After denoising and filtering for quality,
the final pyrosequencing dataset consisted in 14 108
sequences (1701 dereplicated sequences) that, on
average, distributed by 2846 reads per sample (min =
1670, max = 5268, SD = 1350) with an average length of
494 nt (min = 225, max = 550). This sampling effort was
sufficient to capture most of the bacterial diversity as
indicated by rarefaction plots (not shown). Maximum
diversity was measured for the inoculum and decreased
in all treatments (Table S2). Clustering of sequences into
operational taxonomic units (OTUs) at 97% cut-off
resulted in 496 OTUs across samples. Most of these
OTUs were classified at the class and family levels at
a confidence threshold > 90%. The largest fraction of
OTUs (278 out of 496, 56.1%) affiliated within the
Proteobacteria, and they were distributed in 163, 52, 42
and 15 OTUs within classes Alpha-, Beta-, Delta- and

Fig. 2. Gene copy numbers for Bacteria and Crenarchaeota and
Thaumarchaeota, and ratio between gen copies of Crenarchaeota
and Thaumarchaeota v. Bacteria for biofilms collected after 7 days
(young) and 28 days (mature) of incubation under the imposed
treatments (L: light; D: dark; LT: low temperature; HT: high
temperature). Values are means ± SE (n = 3).

Table 2. Results from the three-way ANOVA [factors light (L), temperature (T) and day] for the parameters measured at the young biofilms (day
7) and old biofilms (day 28).

Source of
variation

Gene copy
Bacteria

Gene copy
Crena-Thauma

Ratio gene copy
Crena-Thauma/Bacteria

Functional
diversity

Functional
richness

Day < 0.001 < 0.001 < 0.001 < 0.001 < 0.001
L 0.001 < 0.001 0.24 0.83 0.64
T 0.39 0.69 0.33 0.99 0.77
Day × L 0.053 0.070 0.23 0.060 0.99
Day × T 0.57 0.58 0.35 0.066 0.39
L × T 0.028 0.042 0.38 0.46 0.11
Day × L × T 0.88 0.45 0.33 0.045 0.082

Degrees of freedom for F-ratios are 1, 16. The significant probabilities are shown: < 0.05 in bold, < 0.1 in italics.
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Gammaproteobacteria respectively. The phylum Bacte-
roidetes (55 OTUs), Cyanobacteria (71 OTUs) and
Actinobacteria (32 OTUs) grouped most of the remaining
diversity. OTUs affiliated to rare taxa accounted for 8% of
the total, whereas only 4% of OTUs remained unclassified
(Table S3). The analysis of bacterial community composi-
tion among treatments revealed a clear dominance of
sequences affiliated to Cyanobacteria and Alphaproteo-
bacteria in biofilms exposed to light conditions despite
temperature regime (Fig. 3). In turn, biofilms grown under
dark conditions showed the most dissimilar bacterial com-
munities, with a dominance of Proteobacteria. Particularly,
sequences affiliated to class Alphaproteobacteria were
predominant in the inoculum samples as well as in
biofilms incubated in D-LT, whereas Gammaproteo-
bacteria were the most abundant bacterial class in
biofilms incubated in D-HT. These trends were also
observed when only the relative contribution and taxo-
nomic affiliation of most populated OTUs (> 100
members) were considered (Fig. 3). Abundance-filtered
OTU data revealed not only the important contribution of
Cyanobacteria in illuminated biofilms but also the preva-
lence of Alphaproteobacteria in all samples despite light
regime and temperature. Besides, most alphaproteo-
bacterial OTUs that were prevalent in the inoculum
sample decreased their relative abundance in the experi-
mental treatments (Fig. 3). Interestingly, only two OTUs
(OTU-277 and OTU-286) showing high pairwise identity
to Vibrio species grouped most of the sequences affiliated
to Gammaproteobacteria that characterized the bacterial
community developed in biofilms incubated at high tem-
perature in the dark (D-HT).

Clustering of samples according to their weighted
phylogenetic distances (weighted UniFrac) grouped bac-
terial communities from illuminated biofilms apart from the
remaining treatments as a result of the abundance of
cyanobacterial sequences under light conditions (Fig. 3).
When no quantitative correction was used (unweighted
UniFrac), clustering clearly separated the inoculum com-
munity from the rest of samples, which further segregated
D-HT community from the rest (Fig. S2A). To unveil
hidden associations between samples potentially masked
by the predominance of cyanobacterial sequences in
biofilms incubated under illumination (particularly L-HT),
clustering analysis was repeated after filtering cyano-
bacterial OTUs (71 out of 500) from the dataset. In this
case, biofilms incubated under high temperature in the
dark (D-HT) clearly separated from the rest of treatments,
whereas samples from illuminated biofilms clustered
together using both weighted and unweighted phylo-
genetic distances (Fig. S2B).

To compare to what extent the molecular approaches
used (i.e. pyrosequencing and DGGE) were able to identify
differences in the composition of bacterial biofilm commu-

nities across treatments, the relative abundance of taxa
calculated from pyrotags was compared with differences in
band fingerprints according to the Bray–Curtis similarity
index. Although samples from illuminated biofilms grouped
together despite the molecular approach used, the overall
clustering is clearly affected by their different resolution
(Fig. S3). This can be partially explained by the predomi-
nance of cyanobacterial sequences in DGGE fingerprints
and the low number of sequences affiliated to other taxa
(Table S1). Besides, the differences in the dataset used to
calculate Bray–Curtis similarity (quantitative for pyrotags
and qualitative for DGGE) could be also responsible for the
divergent grouping. Nevertheless, many sequences recov-
ered from DGGE fingerprints showed high pairwise identity
(≥ 97%) with representative sequences of the 22 most
populated OTUs (> 100 members) and grouped together in
the phylogenetic tree (Fig. S4).

DGGE fingerprints of archaeal 16S rRNA gene showed
few bands that persisted along incubation time with no
differences by treatment (Fig. S5). This similarity sug-
gested a stable archaeal community in biofilms character-
ized by low richness, although this interpretation should
be done with caution according to the poor resolution of
the fingerprints obtained. Despite the presence of smeary
bands, all of them yielded sequences of good quality that
affiliated to Thaumarchaeota of the Soil Group I.1b
that further clustered into 5 OTUs (Table S4). Altogether,
these results suggested a low contribution of archaea to
total microbial biomass in biofilms, agreeing with the
lesser abundance of Crenarchaeota-Thaumarchaeota
16S rRNA gene copies in relation to bacterial gene counts
(Fig. 2). Accordingly, we considered that most of the
archaeal diversity in the biofilms was captured and no
further analysis was carried out.

Light and temperature effects on microbial
biofilm functions

The activity of extracellular enzymes involved in the use
of carbon, nitrogen and phosphorus organic com-
pounds was enhanced in biofilms growing under illumina-
tion (Fig. 4, Table 1). Although temperature as a single
factor did not affect any of the extracellular enzymes,
activity of β-glucosidase was significantly lower in
warmer treatments at the end of biofilm colonization
(Table 1, day × temperature effect). Concerning leucine-
aminopeptidase, warming conditions stimulated its activ-
ity in illuminated biofilms (L-HT) while the opposite effect
was observed in biofilms incubated under dark conditions
(Table 1, light × temperature effect).

The capacity of biofilm communities to use diverse
organic compounds showed very similar results for young
biofilms from all treatments, and was characterized by the
use of glycogen and L-asparagine (Table 3, Fig. 5). In
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contrast, similarity between all mature biofilms decreased
mainly due to the separation of L-HT biofilms (Fig. 5,
Table 3). Functional diversity and richness were signifi-
cantly reduced over time (from young to mature biofilms,
Tables 2 and 4) mostly due to the loss of biofilm commu-
nity capacity to use some amino acids, carbohydrates and
carboxylic acids (Table 3). Mature biofilms in L-LT and
L-HT showed a large dissimilarity between their functional
fingerprints (39%, Table 3). Biofilms grown under L-LT
conditions were specially characterized by the use of
amino acids (L-asparagine and L-serine), while L-HT
biofilms showed a significant decrease in functional diver-
sity (Table 3, Table 2 day × temperature effect) and a
metabolic specialization on the use of D-mannitol
(Table 3). Also, in L-HT biofilms, there was less similarity
between replicates (Fig. 5, Table 3). The microbial com-
munity under dark conditions was characterized using
carboxylic acids and polymers (Table 3), and the effect of
warming was less evident (Fig. 5). D-LT and D-HT biofilms
showed low dissimilarity between their functional finger-
prints (25.8%), and this was mainly due to a major capa-
bility to use some carboxylic acids at the D-LT biofilm
(Table 3). In dark biofilms, warming caused a slight
increase in functional richness and diversity (Table 4).

The photosynthetic efficiency of light-grown mature
biofilms decreased significantly due to imposed warming
(from 0.37 ± 0.014 to 0.27 ± 0.017 in L-LT and L-HT treat-
ments respectively, P = 0.009). Warmer conditions deter-
mined a greater contribution of diatoms versus green
algae, and a greater contribution of Cyanobacteria versus
green algae (significant increase in the F1/F2 and F1/F3
fluorescence ratios, P < 0.05). As expected, no photosyn-
thetic activity was detected in biofilms incubated in
darkness.

Relationships between prokaryote community
composition and biofilm function and structure

The relationships between prokaryote community compo-
sition and biofilm function and structure were shown by
redundancy analyses, which explained 70.3% and 21.1%
of variance, respectively, for axis 1 and axis 2 (Fig. 6). In
D-HT, the abundance of rotifers was related to most
common OTUs found in D-HT biofilms, especially those
affiliated to Vibrionaceae (OTU-277 and OTU-286). In
D-LT biofilms, the abundance of ciliates was associated

Fig. 3. Clustering of samples according to bacterial community similarity with relative abundances of main bacterial phyla/classes and
heatmap of OTU abundances across sample treatments.
A. Top dendrogram was built using weighted UniFrac distances calculated after phylogenetic analysis of pyrosequencing data from bacterial
communities in mature biofilms (28 days old).
B. Pie charts display the relative abundance of pyrotag sequences affiliated to main bacterial phyla (classes within the Proteobacteria) in each
treatment. Phyla with relative abundances below 1% were grouped together and considered as rare taxa.
C. Bubble plot at the bottom displays the relative abundance of most populated OTUs (≥ 100 members) across samples. Data values are
proportional to radius and plotted in a logarithmic scale as indicated below the graph. Taxa are colour-coded as follows: Alphaproteobacteria
(yellow), Betaproteobacteria (pink), Gammaproteobacteria (dark red), Cyanobacteria (dark green), chloroplasts (light green).

Fig. 4. Temporal development of extracellular enzyme activities
during biofilm colonization for the different treatments (L: light; D:
dark; LT: low temperature; HT: high temperature). Values are
means ± SE (n = 3).
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with 3 OTUs affiliated to purple non-sulfur bacteria within
Alphaproteobacteria and 1 OTU (OTU-278) represented
by an uncultured Betaproteobacterium (Fig. 6A).

When considering the relationship between prokaryote
community composition and carbon substrate utilization

profiles, the use of carbohydrates was clearly linked to
several OTUs prevalent in L-HT biofilms, including two
OTUs affiliated to Alphaproteobacteria (OTU-89 and
OTU-309) and three cyanobacterial OTUs (OTU-114,
OTU-308 and OTU-279, Fig. 6B). A significant correlation

Table 3. Characteristic organic substrates being used by each biofilm after the SIMPER analysis.

Day 7 Day 28 Day 7 versus day 28
Day 7 versus day 28 85.43 % avg. sim. 67.39% avg. sim. 36.31% avg. diss

C substrates Type of substrate % Contribution to average similarity % Contribution to average dissimilarity

Glycogen Polymer 11.49 (2.88) 10.49
Tween 80 Polymer 5.31 11.09 6.88
Tween 40 Polymer (4.46) 6.81 5.37
L-Asparagine Amino acid 9.72 8.72
D-Galacturonic acid Carboxylic acid (4.50) 13.16 8.15
D-Malic acid Carboxylic acid 5.50
D-Mannitol Carbohydrate 5.14 9.66 7.11
N-acetyl-D-glucosamine Carbohydrate 5.92
β-methyl-D-glucoside Carbohydrate 4.80 (0.30) 5.58

L-LT L-HT L-LT versus L-HT
Day 28 light 78.35% avg. sim. 62.72% avg. sim. 39.07% avg. diss

Tween 80 Polymer 7.81 11.20 8.41
Tween 40 Polymer (3.05) (9.46) 9.55
L-Asparagine Amino acid 14.06 (3.25) 9.50
L-Serine Amino acid 7.91 (0.04) 9.06
D-Galacturonic acid Carboxylic acid 11.78 14.08
D-Mannitol Carbohydrate 9.12 24.47 11.23

D-LT D-HT D-LT versus D-HT
Day 28 dark 77.55% avg. sim. 72.56% avg. sim. 25.81% avg. diss.

Tween 80 Polymer 11.71 10.54 6.69
Tween 40 Polymer 7.29 8.32 7.78
L-Asparagine Amino acid 8.34 9.35
D-Galacturonic acid Carboxylic acid 12.90 9.71 8.86
Pyruvic acid methyl ester Carboxylic acid 8.78 (4.80) 6.31
D-Malic acid Carboxylic acid 7.64

Differences are shown for young (day 7) versus mature (day 28) biofilms, L-LT versus L-HT, and D-LT versus D-HT biofilms. The organic substrates
contributing up to 50% of total average similarity between samples (avg. sim.) and until 5% of average dissimilarity (avg. diss.) between the
compared treatments are listed. The similarity values in italics and parentheses correspond to those substrates not contributing to the first 50%
similarity but significantly contributing to dissimilarity.

Fig. 5. Non-metric multidimensional scaling
(nMDS) ordination of potential organic matter
use capabilities of 31 carbon substrata of
young (7 days old) and mature (28 days old)
biofilms from the four imposed treatments (L:
light; D: dark; LT: low temperature; HT: high
temperature). Kruskal 2D stress is shown.
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was found between OTU-309, OUT-30 and OTU-114
and the use of D-mannitol (P < 0.03). Although car-
boxylic acids were not linked to any specific OTU, the
correlation of all carbon substrates to prokaryote commu-
nity composition yielded significant correlations between
D-glucosaminic acid and OTU-308 (P = 0.023) and
α-ketobutyric acid with OTU-309, OTU-114 and OTU-279
(P < 0.02) mainly found in L-HT biofilms (Fig. 6B).

Scanning electron microscope (SEM) observations

Scanning electron microscopy photographs of 28-day-old
biofilms showed clear differences between biofilms grown
under dark and light conditions (Fig. 7). Whereas dark-grown
biofilms showed no structured matrix, illuminated biofilms
showed a complex matrix composed of filamentous algae
and bacteria, especially in L-LT biofilms (Fig. 7).

Table 4. Richness and diversity of heterotrophic metabolic activities for the young (day 7) and old (day 28) biofilms grown under the different
treatments.

Light Dark

Low temp High temp Low temp High temp

Richness (positive wells)
Day 7 29.3 ± 1.52 30.7 ± 0.57 30 ± 1.73 31 ± 0
Day 28 26.7 ± 1.52 23.3 ± 3.78 24 ± 1 26.7 ± 3.21

Diversity (Shannon)
Day 7 3.1 ± 0.03 3.3 ± 0.35 3.1 ± 0.05 3.1 ± 0.03
Day 28 2.9 ± 0.09 2.6 ± 0.13 2.8 ± 0.06 2.9 ± 0.21

The mean values ± standard deviation (in italics) are indicated (n = 3).

Fig. 6. Triplot based on redundancy analysis
(RDA) of the relative abundance of most
populated OTUs (≥ 100 members) for each
treatment.
A. Ordination plot of density of different
biofilm groups (chlorophyll-a, prokaryotes,
ciliates and rotifers).
B. Ordination plot with the five groups of
carbon substrates from Biolog Ecoplates, in
mature biofilms (28 days old). Letters
represent different treatments (L: light; D:
dark; LT: low temperature; HT: high
temperature). Taxonomic affiliation of each
OTU identification number is defined in Fig. 3.

Warming and light effects on biofilms 9

© 2014 Society for Applied Microbiology and John Wiley & Sons Ltd, Environmental Microbiology



Discussion

It is widely accepted that ecosystems are affected by
climate change (Walther et al., 2002). Temperature is one
of the major factors affecting key biological processes,
such as respiration, growth, metabolic rate and feeding
(e.g. Hester and Doyle, 2011). In river and streams,
increasing temperatures enhance biofilm primary produc-
tion and respiration (Boulêtreau et al., 2012; Rosa et al.,
2013). The present study significantly improves our
knowledge of global warming effects on aquatic biofilms
by (i) reporting a response of the biofilm to a realistic
temperature increase of 2°C, and (ii) including a wide
range of structural and functional biofilm response param-
eters. Specifically, we found significant differences
between the temperature response of young and old
biofilms, and in the latter a differential response in both
biofilm structure and biofilm function under light and dark
conditions.

Young biofilms not affected by light and temperature

In young biofilms (7 days old), neither the structure (micro-
bial biomass, prokaryote community composition) nor the
functioning (extracellular enzymes, carbon substrate utili-
zation profile) was affected by light or warming. Young
biofilms showed no differences on prokaryotic community
composition among treatments, although they clearly

diverged from the inoculum (Fig. S1). These first stages of
development were characterized by a predominance of
Betaproteobacteria and higher ratios of archaea/bacteria
16S rRNA gene copy numbers (Fig. 2). This may indicate
some selection of species towards those that specifically
assemble and begin biofilm formation (Besemer et al.,
2012; Wey et al., 2012), although the experimental
system itself might exert some selection. However, gene
copy number ratios have to be taken with caution since
gene abundances do not necessarily correlate to cell
abundances due to multiple ribosomal RNA operon
copies in most bacterial genomes (Klappenbach et al.,
2001). The potential role of archaea as pioneering species
at initial stages of biofilm formation is intriguing and
deserves future investigation. Studies dealing with
archaeal biofilms are scarce and mostly focus on
either thermophilic Crenarchaeota in thermal springs
(Henneberger et al., 2006; Pagé et al., 2008; Schopf
et al., 2008) or Euryarchaeota in the human body (Vianna
et al., 2008). Very few data are available for streambed
biofilms, and only Merbt and coworkers recently reported
high ratios of AOA/AOB from amoA gene abundances at
the beginning of biofilm formation on the surface of stre-
ambed cobbles (Merbt et al., 2011).

Young biofilms also appeared to be less specialized in
the use of organic carbon sources as indicated by higher
heterotrophic functional richness and diversity when com-
pared with mature biofilms (Table 4). A broad capacity in
the use of organic matter might be considered advanta-
geous for pioneering species in terms of competition for
the use of available resources (Jackson, 2003). Overall,
the metabolic fingerprint in young biofilms was not
affected by the imposed treatments (Fig. 5). Glycogen
was the most characteristic organic substrate used, which
may indicate a significant consumption of intracellular
storage compounds during first stages of biofilm
formation.

Temperature effects on dark-grown biofilms

Mature biofilms exhibited clear differences in densities of
the different trophic groups (Fig. 1). Under dark condi-
tions, the 2°C increase enhanced colonization of the
biofilm by rotifers, but decreased the density of ciliates
and prokaryotes (Fig. 1 and Fig. 6). The reduced
prokaryote density in D-HT biofilms is also shown by the
SEM images (Fig. 7). Pajdak-Stós and Fialkowska (2012)
observed that increasing temperature by 5°C (from 15 to
20°C) caused a twofold increase of rotifer abundance in
biofilms. Ciliate densities might be also enhanced by tem-
perature (Norf et al., 2007; Díaz-Villanueva et al., 2011).
However, if rotifers feed upon bacteria (Ricci and
Balsamo, 2000), they may outcompete ciliates and/or
directly prey upon ciliates (Gilbert and Jack, 1993),

20 µm

40 µm40 µm20 µm 40 µm40 µm20 µm

L-LT

L-HT D-HT

40 µm40 µm20 µmD-LT

Fig. 7. SEM photographs of 28-day-old biofilms grown in different
experimental treatments. A complex matrix of filaments, diatoms
and free algal cells can be seen in L-LT biofilms together with
Vorticella like protozoan. More sparse filaments were observed in
L-HT biofilm samples. Biofilms grown under warming and in the
dark had lower bacterial densities.
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masking the possible effect of temperature on ciliates. In
fact, warming increases the effectiveness of bacteria
removal by rotifers (Pajdak-Stós and Fialkowska, 2012).
Other authors have found that rotifers exert a top-down
control on bacteria and ciliates in 6-week-old biofilms
(Augspurger et al., 2008).

The biofilm structural changes discussed above deter-
mine changes in the prokaryotic community composition
of mature biofilms. There was a significant difference in
the bacterial community composition from low to high
temperature treatments in the dark. The high percentage
of sequences affiliated to Gammaproteobacteria in D-HT
biofilms is somehow surprising according to the low rep-
resentativeness of this class in the rest of treatments.
This anomaly may be related to the abundance of rotifers
in D-HT biofilms according to (i) the high pairwise simi-
larity of most gammaproteobacterial sequences from this
sample (OTU-277 and OTU-286) to 16S rRNA gene
sequences from Vibrios associated to rotifera (e.g. Vibrio
rotiferianus, Gomez-Gil et al., 2003; Ishino et al., 2012),
and (ii) the high number of Brachionus sp. observed
during microscope counting in this biofilm (data not
shown). The high number of 16S rRNA operon copies
in genomes from Vibrios (12 copies on average,
Klappenbach et al., 2001) hampers drawing conclusions
about the actual significance of the high abundance of
this bacterial class in D-HT biofilms. Further composi-
tional changes in this biofilm point towards the establish-
ment of a simpler bacterial community due to grazing
pressure in D-HT. This would be related to the lower
contribution of Betaproteobacteria and the presence of
pioneering biofilm colonizers, such as Sphingomonadales
(OTU-442, Fig. 3) (Zhang et al., 2006; Besemer et al.,
2009). On the other hand, D-LT biofilms were dominated
by ciliates and purple non-sulfur Alphaproteobacteria and
uncultured Betaproteobacteria affiliated to Methylibium
petroleiphilum (Fig. 3 and Fig. 6).

On the basis of these structural differences in the dark
biofilm due to warming, a shift on biofilm functioning
would be expected, but only subtle changes were
observed. The heterotrophic functional fingerprint in dark
biofilms was characterized by the use of carboxylic
acids, polymers and amino acids, and the dissimilarity
between D-LT and D-HT was low (Table 3, Fig. 5). There
was not any tight relationship between prokaryote com-
munity composition and functioning (Fig. 6). However,
there was an increase in functional richness and diversity
under warming conditions (D-HT, Table 4) due to the use
of extra substrata (i.e. L-threonine, α-D-lactose, and
α-ketobutyric, data not shown). The use of a broader
number of substrates in D-HT biofilms might be the con-
sequence of intense rotifer grazing pressure, resulting
in a greater availability of organic matter resources
(Risse-Buhl et al., 2012).

Temperature effects on light-grown biofilms

Under illumination, the 2°C increase also enhanced
biofilm colonization by rotifers and prevented the devel-
opment of ciliates to high densities, as found in dark
conditions, but prokaryote densities were not significantly
affected. The minor effect of rotifer grazing on prokaryote
densities in L-HT conditions could be due to the following:
(i) the abundant algal biomass (Fig. 1) and the extra-
cellular accumulation of polymeric substances derived
from it and/or the formation of aggregates/microcolonies
protecting bacteria from grazing (Lock, 1993;
Langenheder and Jürgens, 2001), and (ii) the effect of
rotifer grazing upon bacterial cells is masked due to the
greater bacterial growth under light and warming condi-
tions (Díaz-Villanueva et al., 2011). The grazing pressure
may also impair the physical structure of biofilms (Wey
et al., 2008) as shown by the reduced spatial complexity
in L-HT biofilms (Fig. 7). On the other hand, when analys-
ing the prokaryote community composition in illuminated
biofilms, small differences due to temperature occurred.
Bacterial composition was similar in both temperature
treatments and dominated by Cyanobacteria and Alpha-
proteobacteria. Most populated OTUs within the
Alphaproteobacteria affiliated to Rhodospirillaceae and
Rhodobacteraceae, two families that include a large
number of photoheterotrophic representatives that could
benefit from illumination conditions. The increase in the
relative abundance of cyanobacterial sequences at higher
temperature may be explained by their better competitive-
ness – and a decrease in biofilm photosynthetic efficiency
– caused by the warming stress (Van der Grinten et al.,
2004; Di Pippo et al., 2012).

On the other hand, warming significantly affected the
biofilm carbon substrate utilization profile as shown by the
large dissimilarity between L-LT and L-HT (Fig. 5,
Table 3). In the case of L-HT biofilms, several OTUs affili-
ated to Alphaproteobacteria and Cyanobacteria (affiliated
to Oscillatoria) showed a significant link to the use of
carbohydrates (Fig. 6B). Specifically, biofilms under L-HT
conditions were characterized by the use of D-mannitol,
and specific OTUs from L-HT (OTU-309, OTU-30, OTU-
114) significantly correlated to the use of this carbon sub-
strate. It has been reported that Oscillatoria species are
able to metabolize carbohydrates, including D-mannitol,
glucose, lactose, fructose and methylerythritol phosphate
according to the metabolic database METACYC (http://
metacyc.org) (Richardson et al., 2009). Also, although the
use of carboxylic acids was not specific for any biofilm
community (Fig. 6), several carboxylic acids were spe-
cially used in L-HT biofilms, as shown by the correlation
between cyanobacterial OTUs (OTU-279, OTU-308,
OTU-114) and OTU-309 (affiliated to Rhodobacter,
Fig. 3), and the use of D-glucosaminic and α-ketobutyric
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acids. The use of these compounds might be related to
the availability of specific photosynthetic exudates and/or
extracellular polymeric substances. It has been shown
that changes in light and temperature can determine
changes in the composition of capsular polysaccharides
and increases in the production of extracellular polymeric
substances (Di Pippo et al., 2012). Common photosyn-
thetic exudates include amino acids, organic acids,
sugars and sugar-alcohols (Watanabe et al., 2008;
Stengel et al., 2011). Recently, Taylor and colleagues
(2013) demonstrated the utilization of algal produced
extracellular polymeric substances by bacteria (especi-
ally Alphaproteobacteria and Gammaproteobacteria) in
marine microphytobenthic biofilms. Also, the significant
increase in the leucine-aminopeptidase in biofilms at L-HT
may indicate a greater decomposition of proteinaceous
compounds excreted by primary producers (Ylla et al.,
2009; Díaz-Villanueva et al., 2011), as well as a decrease
in the decomposition of polysaccharides. These functional
responses might indicate a preference for using peptides
(C and N sources) over polysaccharides (C source
exclusively) when available. Overall, the functional
heterotrophic response of illuminated biofilms to warming
might be largely influenced by changes in primary
producers.

Conclusions

Our results indicate that in dark-grown biofilm, an
increase in 2°C determines significant changes in the
prokaryote community composition but few changes in
the functional outcome, except an increase in functional
diversity. These changes might be mainly due to the
higher density of rotifers and their potential grazing upon
other biofilm members, thus altering the overall biofilm
structure. Although rotifers also increased in illuminated
biofilms, their effect was buffered due to both the higher
complexity of biofilm matrix and the higher bacterial
growth under these conditions. In light-grown biofilms,
warming also determines changes in the functional
outcome mainly due to readily available carbon sub-
strates from primary producers that stimulate and enrich
bacterial species specialized in the use of some carbohy-
drates and organic acids. These results may suggest a
functional redundancy in dark-grown biofilms, where
changes in the bacterial community composition did not
affect the overall biofilm heterotrophic functioning. In con-
trast, greater metabolic versatility is suggested in light-
grown biofilms as deduced by its adaptation to changes in
organic matter availability without major changes in
community composition, as has been described for
bacterioplankton communities (Comte and del Giorgio,
2011). Biofilms grown under illumination are more
complex and autoregulated (Romaní et al., 2004) since

they have major availability of organic matter, as is indi-
cated by the higher activities of extracellular enzymes
involved in carbon, nitrogen and phosphorus organic
compounds. These characteristics might determine a
more buffered response of community composition in
light- than in dark-grown biofilms.

A second conclusion is related to the fact that warming
effect was only evident in mature biofilms, suggesting that
most changes are due to interactions among biofilm
members growing at different rates and/or changes in the
physical structure of the biofilm (e.g. increased thickness
under warming; Díaz-Villanueva et al., 2011) occurring as
biofilm develops. Biofilms are complex biotic assem-
blages behaving as microecosystems with structural and
trophic interactions (Besemer et al., 2009; Risse-Buhl
et al., 2012). When submitted to any environmental
stress, the biofilm response is modulated by interactions
between the different biofilm constituents, responding as
a community rather than as an assemblage of individual
cells or organisms (Remis et al., 2010). Assuming that
biofilms are a consortium of different organisms in a
fragile equilibrium, only a minute change in temperature
(i.e. 2°C) determines pronounced changes on biofilm
structure and functioning, especially when warming is
applied from initial colonization stages. Our results
suggest that the thermal tolerance window needed to
modify bacterial community composition and functioning
in young biofilms is wider than 2°C, but that this thermal
tolerance window becomes narrower at higher com-
plexity levels (mature biofilm). The observed response is
mainly due to interactions that may modify the biofilm
microenvironment (i.e. changing available resources;
Pekkonen and Laakso, 2012). This is similar to what was
described for Antarctic ecosystems (Pörtner, 2006),
where narrowest tolerance windows were shown at
highest functional levels (from molecules to ecosystem).
This has two consequences depending on our interest in
studying biofilm dynamics and function: (i) as engineers,
special attention should be taken to elucidate how small
temperature changes affect biofilm biotechnological
potential (Subashchandrabose et al., 2011), and (ii) as
ecologists dealing with predictions under climate change
scenarios, focus should be put on the biofilm as a whole
(including structure and functioning) to investigate
changes in its metabolic functioning and how these
changes affect ecosystem nutrient cycling. Extrapolation
of results from this cultured-based experiment to natural
aquatic ecosystems must be done with caution. We
should be aware that conclusions have been obtained
from a specific laboratory experiment carried out in a
temperature range of 15–17°C (simulating a 2°C increase
in ambient temperature), oligotrophic conditions and
using a defined inoculum community. Since biofilm
metabolism response to temperature is not linear
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(Boulêtreau et al., 2012), a different response level to that
observed here would be expected when working at differ-
ent temperature ranges.

Experimental procedures

Experimental set-up

Biofilm colonization was analysed in laboratory microcosms
submitted to four different treatments: L-LT, L-HT, D-LT and
D-HT. Sand-blasted glass tiles (1 cm2) were used as substrata
for biofilm growth. Tiles (60–70) were placed at the bottom of
sterile glass jars (19 cm in diameter, 9 cm high). Each jar (or
microcosm) was considered a replicate and three jars were
established for each treatment. Microcosms were filled with
1.5 l of filter-sterilized river water (0.2 μm pore size diameter
nylon filter, Whatman, Kent, UK) that was recirculated using a
submersible pump (Pico 300, 230 V, 50 Hz, 4.5 W, Hydor srl,
Bassano del Grappa, Italy). River water was obtained from an
oligotrophic third-order forested stream in three occasions
during the experiment. Water was collected from the same site
and preserved filtered (0.2 μm pore size diameter nylon filter,
Whatman) and at 4°C. During the study, the stream was at
baseflow conditions and mean nutrient content was of
21.89 ± 4.56 μg l−1 P-PO4, 154.0 ± 41.7 μg l−1 N-NO3 and
4.75 ± 0.03 mg l−1 of dissolved organic carbon. Mean river
water temperature was of 14.5°C. To promote biofilm coloni-
zation of the glass substrata, five cobbles collected from the
same stream site were scrapped, and the resulting biomass
suspension was used as a unique inoculum for all the experi-
mental microcosms. This initial suspension (15 ml) had
approximately 17 μg ml−1 of chlorophyll-a concentration.
Microcosms were maintained unaltered for 10 days, and after
this period the water from each microcosm was replaced every
3–4 days by fresh filter-sterilized river water to prevent nutrient
depletion and maintain constant nutrient conditions for all the
experiment. The replacing water was previously adapted at
the corresponding treatment temperature. Water chemistry
(dissolved oxygen, pH, conductivity, phosphate, nitrate and
dissolved organic carbon) was periodically monitored in all
microcosms until completion of the experiment using specific
probes and standard methods (see Ylla et al., 2009).Along the
incubation period, conductivity, pH and dissolved oxygen
remained fairly constant in the range of 201–258 μS cm−1,
7.2–7.7 and 8.05–9.59 mg l−1 respectively. Each 3–4 days,
phosphate content within the microcosms decreased (to 2.9–
6.2 μg l−1 and to 4.4–4.6 μg l−1 in light and dark conditions,
respectively), dissolved organic carbon increased in the light
treatments (to 4.83–5.89 mg l−1), and nitrate remained stable.

The two temperature regimes were obtained using two
different incubators (SCLAB Model PGA-500, Sistemas de
Laboratorio S.L., Barcelona, Spain). Water temperature fluc-
tuations were monitored using temperature data loggers
(ACR SmartButton Logger, MicroDAQ) that were immersed
within the microcosms along the incubation time (35 days).
The high temperature treatments were at 17.21 ± 0.51°C
(day) and 16.50 ± 0.17°C (night), and the low temperature
treatments were at 15.10 ± 0.81°C (day) and 14.16 ± 0.44°C
(night), with n = 6020 for each temperature treatment. Thus,
the temperature difference between treatments was approxi-
mately 2°C (2.11 and 2.34 for day and night respectively).

Day–night temperature differences were imposed to simulate
the daily fluctuations in stream water. Light treatment was
accomplished by exposing the growing biofilms to a light
irradiance (photosynthetic active radiation) of 150 μE m−2 s−1

(fluorescent lamps, 12 h). Dark microcosms were protected
from light by wrapping the incubating jars with black opaque
plastic bags and aluminium foil.

Algae, prokaryote, ciliate and rotifer colonization

Biofilm biomass of primary producers was estimated from
chlorophyll-a concentration on days 4, 7, 10, 14, 28 and 35 of
incubation. Pigment extraction was accomplished by submer-
sion of one glass tile from each microcosm into 90% acetone
for 12 h in the dark at 4°C. To ensure complete extraction of
pigments, samples were further sonicated for 2 min in a
sonication bath (Selecta S.A.). Chlorophyll-a concentration of
filtered extracts (fibreglass GF/C, Whatman) was determined
in a Shimadzu UV-1800 spectrophotometer (Shimadzu Cor-
poration, Kyoto, Japan).

Prokaryote, ciliate and rotifer densities were measured on
days 2, 4, 7, 10, 14, 28 and 35 of incubation. For prokaryotic
cell density, one glass tile from each microcosm was sub-
merged in 5 ml of sterilized stream water, and the microorgan-
isms were removed with a sterile cell scraper and by
sonication for 2 min. Counting slides for bacteria were pre-
pared by filtering the whole suspension through black
polycarbonate filters (Poretics, 0.2 μm pore size) after staining
for 10 min with 2% (V/V) DAPI (4,6-diamidino-2-phenylindole).
Counting was carried out at 1000 × magnification in a Nikon
E600 epifluorescence microscope (Nikon Corporation, Tokyo,
Japan). Ciliate and rotifer counts were carried out on live
specimens the same sampling day. One tile from each micro-
cosm was scraped (sterile cell scraper) in 3 ml of sterilized
stream water. The whole sample was collected in an
Eppendorf tube and observed using a well slide under an
optical microscope (100 × Nikon eclipse 80i).

Prokaryotic community composition and quantification

Prokaryotic community composition was determined using
different culture-independent molecular approaches on
young (7 days old) and mature (28 days old) biofilm samples.
One tile from each microcosm was scraped and the recov-
ered biomass suspended in 1 ml of filter-sterilized and
autoclaved stream water. The biofilm extraction used as
inoculum for the experiment was also analysed. These sus-
pensions were stored at −30°C until processing.

DNA extraction, conventional and quantitative polymerase
chain reaction (PCR). DNA from biofilm material was
extracted according to Gabarró and colleagues (2012). DNA
concentration in final extracts was quantified by fluorometry
using QUBIT (Invitrogen Inc., Carlsbad, CA, USA). DNA
extracts were stored at −80°C until use. Conventional ampli-
fication of bacterial 16S rRNA gene was performed using the
universal primer pair 357F-907R for the Domain Bacteria
(Lane, 1991). Amplicons from archaeal 16S rRNA genes
suitable for further fingerprinting analyses were obtained after
nested PCR reactions following Llirós and colleagues (2008).
PCR amplification and confirmation of amplicons was carried
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out using the same systems and conditions as previously
described (Llirós et al., 2008; Ylla et al., 2009).

Copy numbers of bacterial, crenarchaeal and thau-
marchaeal 16 s rRNA gene were determined in DNA extracts
from biofilm samples by qPCR using the conditions described
in Trias and colleagues (2012). PCR efficiency ranged
between 80% and 90% with r2 values > 0.99. Negative con-
trols resulted in undetectable values in all cases. To detect
possible inhibitory effects, 105 copies of a cloned sequence in
the pGEM-T Easy plasmid (Promega Biotech Ibérica SL,
Madrid, Spain) were mixed with each DNA extract and quan-
tified with plasmid-specific primers T7 and SP6. The obtained
cycle thresholds were not significantly different from those
obtained when quantifying the clone alone.

Denaturing gradient gel electrophoresis and bands process-
ing. Bacterial and archaeal 16S rRNA gene amplicons were
analysed by DGGE (Muyzer et al., 1993). DGGE system and
conditions, as well as excision, elution and sequencing of
selected representative and discrete DGGE bands of differ-
ent melting types, was done as described in Llirós and
colleagues (2008). Within each treatment, bands located at
the same position were considered the same phylotype, but
at least two bands at the same position were excised and
analysed independently to confirm identity. Gel image
capture and analysis of fingerprint similarity among treat-
ments were carried out as detailed in Ylla and colleagues
(2009). Bacterial and archaeal 16S rRNA gene fragment
sequences obtained from DGGE bands were chimera-
checked, trimmed, aligned and clustered into OTUs using
MOTHUR (Schloss et al., 2009). Representative sequences for
each OTU were classified according to SILVA reference tax-
onomy using MOTHUR and compared for closest relatives in
the National Center for Biotechnology Information (NCBI)
online database (http://www.ncbi.nlm.nih.gov/blast/) using
the BLASTN algorithm tool (Altschul et al., 1990).

Pyrosequencing, sequence processing and phylogenetic
community analyses. Samples for 454 pyrosequencing were
obtained after pooling equal amounts of DNA extracts (three
independent samples) from mature biofilms grown under dif-
ferent treatments and processed as composite samples.
These samples were analysed by tag-encoded FLX-titanium
amplicon pyrosequencing at Research and Testing Labora-
tory (RTL, Lubbock, TX, USA). Briefly, composite DNA
extracts from each treatment were used as template in PCR
reactions using primers 341F/907R targeting the V3–5
regions of the bacterial 16 s rRNA gene complemented with
454-adapters and sample-specific barcodes. Raw sequence
dataset was pre-processed in RTL facilities in order to reduce
noise and sequencing artefacts as previously described
(Dowd et al., 2008). Pyrotags were then demultiplexed
according to sample barcodes and quality-filtered excluding
sequences with quality scores < 30, with lengths < 250 bp or
> 700 bp, and with uncorrectable barcodes, ambiguous bases
and with homopolymers > 6 nt using QIIME (Caporaso et al.,
2010a). Chimera detection and sequence clustering into
OTUs were done using USEARCH (Edgar, 2010). Singletons
were removed from further analysis. Representative
sequences from each OTU were aligned to the Greengenes
imputed core reference alignment (DeSantis et al., 2006)

using PYNAST (Caporaso et al., 2010b). Taxonomical assign-
ments for each OTU were carried out using the RDP classi-
fier (Wang et al., 2007) retrained with the October 2012
Greengenes taxonomy database (12_10, http://greengenes
.secondgenome.com). For community analysis, the number
of sequences in each sample was normalized by randomly
selecting a subset of 1600 sequences from each sample to
standardize sequencing effort across samples and to mini-
mize any bias due to different number of total sequences.
QIIME was also used to calculate α-diversity indicators of
richness (observed richness and Chao1) and diversity
(Shannon) for bacterial communities grown under different
conditions, and to calculate community similarity among treat-
ments (β-diversity) using unweighted and weighted UniFrac
distances (Lozupone and Knight, 2005). The robustness of
Unweighted Pair Group Method with Arithmetic Mean
(UPGMA) sample clustering according to UniFrac distances
was assessed by jackknifing a subset of 1000 sequences
from each sample to create bootstrapped trees. Relative
abundance of most populated OTUs (> 100 members) across
treatments was obtained using QIIME (OTU heatmap script)
and visualized as a bubble plot using bubble.pl (http://
www.cmde.science.ubc.ca/hallam/bubble.php).

Nucleotide sequence accession numbers. 16S rRNA
sequences obtained from DGGE fingerprints were depo-
sited in the GenBank database under accession numbers
KF041009–KF041037 (archaea) and KF041038–KF041071
(bacteria). Pyrosequencing data from this study have been
deposited in the NCBI via the Biosample Submission Portal
(http://www.ncbi.nlm.nih.gov/biosample/) under accession
numbers SAMN02144327-31.

Biofilm function

Extracellular enzyme activities of β-D-1,4-glucosidase, phos-
phatase and leucine-aminopeptidase were measured on
biofilm from days 2, 4, 7, 10, 14 and 28 of incubation following
the procedure described in Ylla and colleagues (2009), using
one glass substrata per microcosm and sampling date.
Samples were incubated (1 h) in the appropriate incubator to
maintain the same experimental temperature. Fluorescence
was measured at 365/455 nm and 364/445 nm excitation/
emission for MUF (methylumbelliferone) and AMC (amino-
methylcoumarin), respectively (fluorometer Kontron SFM 25,
Munich, Germany), and results were expressed as nmol MUF
or AMC cm−2 h−1.

Functional diversity. Biolog EcoplatesTM microplates (Biolog
Inc., Hayward, CA, USA) were used in order to determine the
differences in heterotrophic metabolic capabilities. Each
microplate contains three replicate wells of 31 carbon
sources assigned to chemical groups as polymers, carbohy-
drates, carboxylic acids, amino acids and amines (Choi and
Dobbs, 1999). At days 7 and 28 of biofilm colonization, a
glass tile was collected from each microcosm, and the biofilm
was extracted with a cell scrapper and 2 ml of Ringer solu-
tion, and further homogenized by 2 min sonication.
Microplates were inoculated under sterile conditions (130 μl
of the biofilm extract to each well) and incubated at the
correspondent temperature treatment conditions, in dark for
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6 days. After incubation, optical density at 590 nm was
recorded using a microplate reader (SynergyTM 4, BioTek,
Winooski, VT, USA). From each microplate, functional rich-
ness (number of positive wells) and microbial community
functional diversity (Shannon’s diversity index) were
calculated.

Photosynthetic efficiency. Two randomly selected colonized
glass tiles per microcosm were used to determine the biofilm
photon yield of mature biofilms as a measure of the photo-
synthetic efficiency of the community (Schreiber et al., 2002).
Mean biofilm photon yield and photon yield of the main pho-
tosynthetic groups were measured by a phytoPAM (pulse
amplitude modulated) fluorometer (Heinz Walz GmbH with
the emitter-detector unit PHYTO-EDF, Effeltrich, Germany)
following the procedure described by Ylla and colleagues
(2009).

Biofilm structure

To assess for changes in biofilm structure due to the light and
temperature treatments, SEM observations were performed.
Samples for SEM (one glass tile from each treatment col-
lected after 28 days of incubation) were fixed immediately
after sampling with 2.5% glutaraldehyde in 0.1 M cacodilate
buffer, pH 7.2–7.4. Samples were then subjected to serial
dehydration baths (from 65% to 100% ethanol) and further
dried by the critical point method with CO2. Samples were
finally coated with gold using a sputtering diode and observed
under a Zeiss DSM 960 scanning electron microscope
(Oberkochen, Germany).

Data analyses

The effects of temperature and light conditions on
chlorophyll-a concentration, prokaryote, ciliate and rotifer
densities, and extracellular enzyme activities throughout
biofilm formation, were analysed by repeated measures
analysis of variance (two-way RM-ANOVA, temperature and
light as fixed factors) using SPSS (IBM Corp., Armonk, NY,
USA). The effects of biofilm age (young/mature biofilm), tem-
perature and light conditions on bacteria and Crenarchaeota-
Thaumarchaeota gene copies, and heterotrophic functional
diversity and richness, were analysed by a multivariate three-
way ANOVA. Difference between treatments for photosyn-
thetic efficiency on the mature biofilm was analysed by a
one-way ANOVA. All response variables (x) were transformed
with log(x) except chlorophyll-a transformed log(x + 1) to
improve the homoscedasticity and heterogeneity of variance.

To analyse bacterial diversity, similarity patterns were cal-
culated with the Sorensen coefficient (Murray et al., 1996).
Dendrograms were built based on the complete linkage
method with the PRIMER 6 and PERMANOVA + programme
(version 6, Primer-E, Plymouth, UK, 2006). Primer-E was
also used to compute similarity percentages (SIMPER) to
highlight and identify specific organic substrates used by
each biofilm community. The test performed was a two-way
SIMPER analysis with the normalized absorbance (divided
by average well colour development) for each substrate of
the Biolog EcoPlates. The similarity matrix was built using

Bray–Curtis distances to reveal (i) differences between
young and mature biofilm, and (ii) differences between treat-
ments for the mature biofilm. Results from these analyses
were plotted in an nMDS graphical layout.

The relationship between prokaryote community composi-
tion (using the 22 most abundant OTUs, Fig. 3) and the
biomass of the different groups (chlorophyll-a, prokaryote,
ciliate, rotifer), and the carbon substrate utilization profile by
grouping the five carbon source types (carbohydrates, poly-
mers, carboxylic acids, amino acids, amines), was analysed
by redundancy analyses (RDA). Before being included in the
analysis, all metrics were transformed as follows: biomass
data using log10 (x + 1) transformation, Biolog data were
normalized by dividing absorbance by average well color
development, and the relative abundance of bacterial phyla
using angular transformation. The redundancy analysis was
performed with CANOCO software, version 4.5. Furthermore,
Pearson correlations between the 31 carbon substrates and
the 22 abundant OTUs were carried out to find individual
relationships between carbon substrate utilization and
prokaryote groups. Pearson’s correlation analyses were per-
formed with SPSS, and the differences were considered to be
significant at P < 0.05.
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Fig. S1. Negative images of bacterial 16S rRNA gene DGGE
fingerprints obtained from biofilms samples after (A) 7 days
and (B) 28 days of incubation. For each treatment, triplicate
samples were analysed. Excised and sequenced bands are
indicated and numerically labelled (arrowheads). Green
arrowheads indicate bands which sequences affiliated to
Cyanobacteria (see Table S1). Red arrowheads indicate
bands which yielded unspecific products.
Fig. S2. (A) Clustering of samples based on unweighted
UniFrac distances. (B) Clustering of samples after filtering
cyanobacterial OTUs from the dataset (71 out of 496 total
OTUs). In all dendrograms, red-coloured nodes indicate a
75–100% support after rarifying the UPGMA trees using a
random subset of 1000 sequences per sample (Jackknife test
in QIIME). Subsampling of the Cyanobacteria-free dataset was
run at 800 sequences since filtering removed a large amount

of sequences from samples incubated under illumination
(L-LT and L-HT). INO: inoculum; D: dark; L: light; LT: low
temperature; HT: high temperature.
Fig. S3. Clustering of samples according to Bray–Curtis
similarity index of (A) the relative abundance of bacterial taxa
(angular transformed) calculated from pyrosenquencing
dataset and (B) the similarity of DGGE fingerprints based on
Jaccard coefficient of 28-day biofilms (triplicate samples for
each treatment, see Fig. S1). INO: inoculum; L: light; D: dark;
LT: low temperature; HT: high temperature.
Fig. S4. Phylogenetic tree of partial 16S rRNA gene
sequences obtained from pyrosequencing analysis (OTUs
> 100 members, in red) and from DGGE fingerprinting (in blue).
The tree was calculated using the neighbour-joining method [1]
and Jukes–Cantor algorithm [2]. Significant bootstrap values (≥
50 %) from 1000 replicates are shown at branch nodes. Scale
bar indicates 3% estimated sequence divergence. All ambigu-
ous positions were removed for each sequence pair. Evolution-
ary analyses were conducted in MEGA5 [3].
Fig. S5. Negative images of crenarchaeotal16S rRNA gene
DGGE fingerprints obtained from biofilms samples after 7
and 28 days of incubation. For each treatment, triplicate
samples were analysed (see Experimental procedures) with
the exception of D-HT (28 days) and L-HT (7 days) from
which universal archaeal amplicons were obtained in only
two of the three replicas. Excised and sequenced bands are
indicated (arrowheads). All sequences affiliated to Soil Group
1.1b (Thaumarchaeota) and distributed into 5 OTUs (see
Table S3) as indicated by band number and colour code.
Orange (OTU-1, 18 members), green (OTU-2, 4 members),
red (OTU-3, 2 members), white (OTU-4, singleton) and blue
(OTU-5, 3 members). See Table S4 for further details on OTU
affiliation, OTU members and representative sequences. Ld:
ladder.
Table S1. BLAST hit of partial 16S rRNA gene sequences
obtained from DGGE bands (see Fig. S1).
Table S2. Richness and diversity indices of biofilm bacterial
communities under different treatments calculated from
pyrosequencing data (28-day biofilms).
Table S3. Number of OTUs affiliated into each bacterial
phyla (class for Proteobacteria) and relative contribution (in
%) to the total number of OTUs. Taxa are named according to
Greengenes database. Rare taxa (*) accounted for an 8% of
total diversity.
Table S4. Information of archaeal OTUs identified from
DGGE analysis. OTU definition and identification of repre-
sentative sequences were carried out using MOTHUR v.1.24
(Schloss et al., 2009; see Experimental procedures for
details). Sequences codes refer to bands shown in Fig. S5.
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